Nanoscale and mechanical properties of the physiological cell–ECM microenvironment  by Young, Jennifer L. et al.
Experimental Cell Research 343 (2016) 3–6Contents lists available at ScienceDirectExperimental Cell Researchhttp://d
0014-48
n Corr
Planck I
E-m
spatz@ijournal homepage: www.elsevier.com/locate/yexcrReview ArticleNanoscale and mechanical properties of the physiological cell–ECM
microenvironment
Jennifer L. Young a, Andrew W. Holle a, Joachim P. Spatz a,b,n
a Department of New Materials and Biosystems, Max Planck Institute for Intelligent Systems, Stuttgart 70569, Germany
b Department of Biophysical Chemistry, University of Heidelberg, Heidelberg 69047, Germanya r t i c l e i n f o
Article history:
Received 26 September 2015
Accepted 29 October 2015
Available online 30 October 2015
Keywords:
Extracellular matrix
Nanoscale
Stiffness
Topography
Ligandsx.doi.org/10.1016/j.yexcr.2015.10.037
27/& 2016 The Authors. Published by Elsevier
esponding author at: Department of New M
nstitute for Intelligent Systems, Stuttgart 705
ail addresses: young@is.mpg.de (J.L. Young), h
s.mpg.de (J.P. Spatz).a b s t r a c t
Studying biological processes in vitro requires faithful and successful reconstitution of the in vivo ex-
tracellular matrix (ECM) microenvironment. However, the physiological basis behind in vitro studies is
often forgotten or ignored. A number of diverse cell-ECM interactions have been characterized
throughout the body and in disease, reﬂecting the heterogeneous nature of cell niches. Recently, a greater
emphasis has been placed on characterizing both the chemical and physical characteristics of the ECM
and subsequently mimicking these properties in the lab. Herein, we describe physiological measurement
techniques and reported values for the three main physical aspects of the ECM: tissue stiffness, topo-
graphy, and ligand presentation.
& 2016 The Authors. Published by Elsevier Inc. This is an open access article under the CC BY-NC-ND
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Mechanical properties of the ECM have been shown to play
integral roles in morphogenesis, development, and disease (Fig. 1).
While the appreciation that cells should be cultured in or on
substrates of physiological stiffness has been growing, most sub-
strates have been modeled after in vitro measurements of tissues.
Many different values of tissue stiffness can be obtained depend-
ing on measurement technique, analysis of generated data, or ac-
tivity state of dynamic tissues; thus it remains important to de-
termine the system that best represents the biological environ-
ment of interest. Additionally, there are inherent limitations in the
direct in vivo measurement of each tissue system, as well as theInc. This is an open access article u
aterials and Biosystems, Max
69, Germany.
olle@is.mpg.de (A.W. Holle),scale of measurement, i.e. macro- vs. micro- vs. nano-scale analy-
sis. To date, multiple measurement techniques have been em-
ployed to study mechanical properties of tissues, often focusing on
determining the Young's, or elastic, modulus (E), expressed in
Pascals (Pa). Due to the fact that in vivomechanical properties have
been shown to vary from those measured in situ or in vitro [1], we
focus here only on in vivo experiments that can best recapitulate
biological values.
In vivo measurement techniques have become increasingly
important as a diagnostic tool for a variety of conditions due to
their ability to non-invasively assess tissue architecture and phy-
sical properties, which are often altered in disease. Many tumors
manifest as stiff masses, e.g. in breast scirrhous carcinoma, pros-
tate cancer and thyroid cancer, while others are softer compared to
healthy tissue, e.g. intraductal and papillary carcinoma [2]. Various
imaging-based techniques have been employed to non-invasively
measure the in vivo mechanical properties of soft tissues in pa-
tients based on ultrasound (US), optical coherence tomographynder the CC BY-NC-ND license (http://creativecommons.org/licenses/by-nc-nd/4.0/).
Fig. 1. Physiological cell–ECM interactions. Three main physiological matrix characteristics dominate cell–ECM interactions. ECM stiffness plays an important role in con-
tractility-based mechanotransduction. ECM topography is dictated by the orientation of ECM ﬁber deposition. Ligand presentation also is inﬂuenced by ECM deposition, with
an extra emphasis placed on the regular interval spacing of key cell binding ligands found in different proteins.
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Combining US with an OCT-based air-jet indentation system,
stiffness of forefoot plantar soft tissue, an area prone to the de-
velopment of foot lesions in the elderly, was non-invasively
measured and shown to increase signiﬁcantly with age, especially
in the second metatarsal head, from E58.3 kPa at 27 years old
to E83.2 kPa at 62 years old [4]. Similarly, studies on forearm
mechanics determined the elastic modulus of skin to be 210 kPa
and adipose tissue 1.9 kPa, both in the resting state [5]. Transient
elastography has been used to correlate the extent of liver ﬁbrosis
and tissue stiffness, with an increase from E4.9 kPa at F0 to
E25.3 kPa at F4 [6], reﬂecting the interconnected nature of ECM
mechanics and disease progression. This connection is also seen in
the brain, with stiffness decreasing with age and multiple sclerosis
in a process termed “liquiﬁcation”. Using MRE, this observation
was conﬁrmed in a mouse model, with viscoelasticity decreasing
from |G*| (complex shear modulus) 10 kPa to |G*| 8 kPa after 12
weeks [7].
US elastography has been used to describe the mechanical
properties of numerous tissues, with varied results [3,8]. There are
many confounding factors to be considered when examining
in vivo US elastography data, but it can be reasonably concluded
that the Young's modulus of parenchymal tissue is 10 kPa,
muscle is 20 kPa and connective tissue is 50 kPa [3]. Real-time
shear wave elastography, a method based on US elastography, has
also been utilized to more accurately measure tissue stiffness. In-
deed, in a similar study of liver ﬁbrosis, this technique reﬂects
MRE-generated data, with stiffness at F0 of E 5.8 kPa increasing
to 22.0 kPa at F4 in a rabbit model [9].
At the cellular level, in vivo mechanics of the developing em-
bryo have been examined using cell-sized oil microdroplets in-
troduced between cells in a living tissue. Shape changes in these
droplets can be utilized to calculate cell-generated local stresses,
with the anisotropic stresses in the living dental mesenchyme of
the mouse at embryonic stage E11 measured to be
1.670.8 nN μm2 [10]. Further analysis and application of this
technique could provide a measure of the dynamic material
properties of cells and/or tissues in a variety of organ systems.
When examining previous studies, it is apparent that measured
values are highly dependent on numerous factors; thus, one must
determine which set of conditions properly represents the re-
levant mechanical properties for a given experiment. It is also
important to note that within tissues themselves, heterogeneous
structures or dynamic states can exist which can also confound
such mechanical measurements, e.g. cardiac muscle in systole is as
high as E100 kPa but drops to approximately 10 kPa in diastole
[3].2. Topography
Topographical effects on in vitro cell behavior have been ex-
plored in numerous systems. While a handful have includedfeatures inspired by tissue architecture, many lack a deﬁned bio-
logical basis, as has been recently pointed out [11]. The lack of
biomimicry in such studies is mostly a result of technical chal-
lenges and the lack of literature elucidating the exact topo-
graphical nature of the ECM in vivo.
In general, topographical features of the ECM include pore size,
ﬁber diameter, and feature elevation (Fig. 1). Methods used to
characterize the topography of physiological tissues almost always
rely on tissue explants, a technique that can be problematic due to
the possibility of topographical artifacts created by the ﬁxation
technique. The surface of these explants can be analyzed with
transmission electron microscopy (TEM), scanning electron mi-
croscopy (SEM), and atomic force microscopy (AFM) to gain a more
complete understanding, although the values reported by each of
these techniques can vary within a single sample [12]. Due to the
heterogeneous nature of tissues, it is no surprise that each tissue
microenvironment presents a unique topographical ﬁngerprint to
the cells within it.
Several types of ECM exhibit mesh-like nanoscale structures,
with ﬁber diameter and pore size dominating the topographical
landscape [13]. The basement membrane, a ubiquitous ECM
structure separating cell layers from interstitial ECM, is responsible
for a number of tissue functions, including polarization and com-
partmentalization. Basement membranes extracted directly from
macaque monkey corneas were found to have elevations of 150–
190 nm, ﬁber diameters of 77 nm, and pore diameters of 72 nm
[12], with general repetitive structures spaced on the order of
100 nm [14]. These features were also found in Matrigel, a com-
mercially available basement membrane extract secreted by En-
gelbreth-Holm-Swarm mouse sarcoma cells [12], although Ma-
trigel pore diameters are approximately 50% larger than those in
native basement membrane tissue.
ECM ﬁbers in the dermis have diameters of approximately 60–
120 nm, with the diameter increasing with increased depth [15]. In
vivo reﬂectance confocal microscopy has been used to analyze the
topography of human skin in relation to its degree of sun ex-
posure, revealing patterns in micron-scale keratinocyte layers. In
general, more sun-exposed sites featured thicker and rougher
stratum corneum and thinner stratum granulosum. This likely
reﬂects changes in the cellular composition of these layers, but
also reveals important alterations in the micron-scale physical
ECM microenvironment of cancer-receptive zones [16]. Nanoscale
anisotropy of skin ECM, likely arising from the macroscale Langer
cleavage lines covering the body, may also contribute to skin-
speciﬁc cell behavior [17]. In bone, collagen ﬁbers have diameters
between 80 and 100 nm, with small, 1–4 nm thick, 5025 nm2
carbonated apatite regions [18].
While some ECM environments are rather chaotic, others, in-
cluding the myocardium and tendons, are highly organized. Ul-
trasound analysis of ex vivo rat myocardium revealed that the ECM
contained ﬁbers of approximately 100 nm diameter exhibiting
strong directionality and alignment in parallel with the cell layer
[11]. Ligaments and tendons have staggered collagen bundles with
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into macroscale anisotropic fascicles and ﬁbers with diameters as
high as 500 μm [19]. It is important to note that the ECM is not the
only source of ordered topographical information; cells them-
selves have been shown to be periodic and anisotropic. Muscle
ﬁbers are cylindrical multinucleated cells with diameters between
5 and 100 μm [20], in contrast to rectangular cardiomyocytes
comprising patterned cardiac tissue with lengths between 100 and
150 μm and widths between 20 and 35 μm [21].
The design of natural and synthetic scaffolds for the study of
cell–ECM interactions must continue to take in vivo observations
of topography into account [22] by mimicking feature height,
porosity, and ﬁber diameter [23] patterns on the nano- and micro-
scale. While many investigations into nanoscale topography in
synthetic systems have focused on altering parameters from in-
fraphysiological to physiological to supraphysiological [24], the
subtle changes in nanotopography from tissue to tissue should
begin to be the focus of tissue-speciﬁc biomaterial design. Ulti-
mately, patterns in topography inﬂuence cells not only in the
physical structures presented to cells, but also in the presentation
of spatially repeating cell-binding ligands along these protein
ﬁbers.3. Ligand presentation
Many cells rely on the contacts they make with the ECM for
survival and function (Fig. 1). Despite an increasing amount of
work focusing on controlled ligand spacing in in vitro experiments,
little is known about the precise presentation of ligands in the
body. Due to resolution constraints of current imaging modalities
and the limited availability of detection techniques, most in-
formation obtained about the cellular response to ligand orienta-
tion has been determined with in vitro experimentation by
studying the response of cells to various synthetic substrates,
leading to conclusions on the formation of focal contacts and actin
cytoskeletal arrangements as a function of nanoscale control of
cell-ECM contact [25,26]. Still, a handful of studies have shed light
on biologically relevant ligand presentation with the use of protein
structural analysis or novel imaging techniques.
Collagen is the most abundant protein in the body, and collagen
ﬁbers form bundles that interact at precisely deﬁned interval
spacing, termed D-spacing or periodicity [27]. This periodicity,
while classically believed to be 67 nm [28,29], has been shown to
be highly dependent on tissue type, with values ranging from 63
to 72 nm [30]. While this periodicity contributes to nanoscale to-
pography, it is also thought to be the scale at which cells can in-
teract with ECM binding sites in healthy tissues. Indeed, this
spacing has been conﬁrmed in vitro for a variety of cell types, with
peptide spacing over 73 nm leading to restricted integrin cluster-
ing [26].
Fibronectin (Fn) is another abundant protein in the ECM, and is
essential for multiple homeostatic biological functions as well as
pathological processes including ﬁbrosis and cancer [31,32]. Early
experiments using immunogold labeling of the alternatively-spliced
domain A (situated between FnIII11–12) in cellular ﬁbronectin re-
vealed a regular ﬁbril arrangement in thick ﬁbers (13–18 nm dia-
meter) of approximately 42 nm, and in thin ﬁbers (5–12 nm) of
approximately 84 nm. The closer spacing in thicker ﬁbers is thought
to be due to the staggered alignment of ﬁbrils [33], which could be
further exacerbated in highly dense protein structures formed in
aberrant processes like cancer [34]. Thus, the design of approaches
to study the inﬂuence of the ECM in disease states must take these
alterations in ligand spacing into account.
Crystal structure studies have provided a great deal of insight
into the structural properties of single ﬁbronectin ﬁbrils [35], butﬁbrils exist in bundles in the body and thus alternative techniques
have been developed to analyze these supramolecular structures.
In recent studies, dSTORM imaging of ﬁbronectin protoﬁbrils al-
lowed for the visualization of punctate IST-2 epitopes (which re-
cognizes a site close to FnIII12–14). Antibodies for N20 (N-terminus)
and C20 (C-terminus) were also utilized, with each of these three
antibodies separately exhibiting an average periodicity of 95 nm
[36]. Additionally, the average end-to-end distance of the ﬁbers
was determined to be 133 nm, with an antiparallel overlap of
30–40 nm [36]. Such techniques could theoretically be used in
combination with previous structural analyses to identify the
precise presentation of each important cell-binding domain (pre-
sent at FnI5, FnIII9–10, and alternatively spliced domain A between
FnIII11–12 and V between FnIII14–15) within the ﬁbronectin mole-
cule [35].
While examination of single protein complexes is useful for
parsing out their individual contributions, it is important to note
that the ECM is comprised of a diverse set of proteins and adhesive
molecules and that cells are constantly remodeling their extra-
cellular matrix. For example, ﬁbronectin intermingles with mul-
tiple molecules, including collagen, ﬁbrin and heparin [35]. Ligand
accessibility is likely very different between interacting proteins,
not only in presentation, but also in which integrins are ligated.
Therefore, changes in protein secretion and assembly will affect
cellular behavior in the body, most importantly in dynamic pro-
cesses like development or disease. Such variations in ligand
presentation were demonstrated when heterotypic ﬁbrils con-
taining both ﬁbronectin and type I collagen exhibited a periodicity
of 67 nm vs. the 84 nm observed in ﬁbronectin ﬁbrils alone [33].
Exploring binding domains within protein assemblies is im-
portant in identifying all possible binding opportunities presented
to a cell, but visualizing the contacts actually created by a cell
could elucidate which adhesions contribute the most to its func-
tion. Indeed, it has been shown that intracellular variability exists
between occupied and unoccupied receptors, suggesting that oc-
cupied ligands can dictate the physical distribution of integrin
receptors [37]. Therefore, analyzing cytoskeletal components
tightly linked to adhesion sites is an important yet challenging
task. Actin/spectrin structures along neurons have been visualized
with STORM super resolution microscopy, revealing evenly spaced
ring-like structures along axonal shafts at a periodicity of 180–
190 nm [38]. Other new techniques in cryo-electron tomography
have allowed researchers to image focal adhesions in three di-
mensions within the cell. The complexes were found to have
spacings of approximately 45 nm when plated on ﬁbronectin-
coated mesh grids [39]. Certainly, expanding these techniques to
in vivo tissues would be an impressive and highly useful feat, as
precise detection of cellular adhesions would provide valuable
information for the design of in vitro cell scaffolds systems.4. Conclusions
Numerous in vitro studies have shown that cells exhibit sensi-
tivity down to the nanometer range, but often fail to correlate this
sensitivity to physical parameters observed in vivo. Thus, novel
approaches are needed to fully characterize the precise organiza-
tion of physiological tissues, and then recreate such conditions in
vitro. Intelligent design of synthetic and biological scaffolds should
take values for ECM stiffness, topography, and ligand spacing into
account, with special attention paid to the often small, yet crucial
differences in these metrics between different cell niches. Fur-
thermore, tissue dynamics must also be considered, as cells can
reveal nanoscale cryptic epitopes in proteins as they exert force on
their environment, making the physical signals a cell receives from
its microenvironment highly variable [40,41].
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